South Dakota State University

Open PRAIRIE: Open Public Research Access Institutional
Repository and Information Exchange
Electronic Theses and Dissertations
2022

Identification and Characterization of Candidate Rumen Bacterial
Species from Beef Cattle with the Potential for Metabolizing
Lipids
Cheyenne E. Hron
South Dakota State University, Chron1204@gmail.com

Follow this and additional works at: https://openprairie.sdstate.edu/etd2
Part of the Beef Science Commons

Recommended Citation
Hron, Cheyenne E., "Identification and Characterization of Candidate Rumen Bacterial Species from Beef
Cattle with the Potential for Metabolizing Lipids" (2022). Electronic Theses and Dissertations. 458.
https://openprairie.sdstate.edu/etd2/458

This Thesis - Open Access is brought to you for free and open access by Open PRAIRIE: Open Public Research
Access Institutional Repository and Information Exchange. It has been accepted for inclusion in Electronic Theses
and Dissertations by an authorized administrator of Open PRAIRIE: Open Public Research Access Institutional
Repository and Information Exchange. For more information, please contact michael.biondo@sdstate.edu.

IDENTIFICATION AND CHARACTERIZATION OF CANDIDATE RUMEN
BACTERIAL SPECIES FROM BEEF CATTLE WITH THE POTENTIAL FOR
METABOLIZING LIPIDS

BY
CHEYENNE E. HRON

A thesis submitted in partial fulfillment of the requirements for the
Master of Science
Major in Animal Science
South Dakota State University
2022

11

THESIS ACCEPTANCE PAGE
Cheyenne Elizabeth Hron

This thesis is approved as a creditable and independent investigation by a candidate for
the master's degree and is acceptable for meeting the thesis requirements for this degree.
Acceptance of this does not imply that the conclusions reached by the candidate are
necessarily the conclusions of the major department.

Benoit St-Pierre
Advisor

Date

Bob Thaier
Department Head

Nicole Lounsbery, PhD
Director, Graduate School

Date

Date

iii

ACKNOWLEDGEMENTS
I am beyond words of thanks to my advisor Dr. Benoit St-Pierre for his patience,
support, and encouragement during my Masters. Dr. Benoit St-Pierre’s incredible
patience and strong work ethic has taught me the true value of patience itself and to
always be persistent with things that one has a passion for. Without his patience,
guidance, and expertise in the field of rumen microbiology, this research would never
have been completed.
Thank you to my other committee members: Dr. Michael Gonda and Dr. Sharon
Smith. Thank you for not only your expertise, but the time spent to help me complete this
Masters.
Without my lab mates and the other students following their degrees, I would not
have learned as much as I did, in and out of graduate school. Jamie Ortman, Venkata
Bandarupalli, Ethan Blom, Casey Zangaro – Thank you all for supporting and accepting
me as a friend and a peer student.
Finally, I sincerely thank my friends and family that helped me through this
degree. Thank you to my parents and family for all the support. A very special thank you
to my mother for never-ending support and a shoulder to lean on during this degree.
Another special thank you to Randy for always not only being supportive, but also
keeping me on track, even when I didn’t have motivation. Thank you.

iv

TABLE OF CONTENTS

LIST OF FIGURES………………………………………………………………………vi
LIST OF TABLES…………………………………………………..…………………..vii
ABSTRACT………………………………………………………………………….…viii
CHAPTER 1: LITERATURE REVIEW……………………………….…………………1
1. Importance of livestock production in meeting the increasing global demand for
food…………...………………………........………………………………….......2
2. The Ruminant Animal……………………..………………………………………2
2.1 The importance of Ruminant Production…………………..…………….........2
2.2 Classification of Ruminants………………………………………….……2
2.3 The Ruminant Digestive System……………………………….…………3
2.4 Rumen Development……………………………………………………...4
2.5 Microbial Ecology of the Rumen………………………………..…………….5
3. Methodologies for Analyzing the Rumen Microbiome……………………...……7
3.1 Culture Dependent Techniques vs Culture Independent Techniques……..…..7
3.2 16S rRNA Gene……………………………………………………...……8
3.3 Taxonomy-Dependent and Taxonomy-Independent Methods…………...10
3.4 Metagenomics……………………………………………..……………..11
4. Rumen Metabolism of Dietary Lipids……………………………………….12
4.1 Biohydrogenation of Lipids in the Rumen……………………………....12
4.2 Lipolysis in the Rumen…………………………………………………..13
5. Conclusion………..……………………………………………………….....14
6. Research Objectives…...…………………………………………………….14
References……………………………………………………………………..…16
CHAPTER 2: INVESTIGATING THE COMPOSITION OF THE RUMINAL
MICROBIOME IN BEEF STEERS FED DIETS WITH HIGHER LIPID CONTENT...23
ABSTRACT……………………………………………………………………………..23
1. Introduction………………………………………………………………………24
2. Material and Methods……………………………...………………………….....26
2.1 Animals, Diet, and Collection………………………………………………..26
2.2 Microbial DNA Purification and PCR Amplification………………..……...26
2.3 Bioinformatic Analysis for the 16S rRNA Composition Analysis…..………27
2.4 Statistical Testing…………………………………………………………….29
3. Results……………………………………………………………………………29
3.1 Bacterial Composition Analysis Based on Taxonomy……………………....29
3.2 Bacterial Composition Analysis Based on Operational Taxonomic Units
(OTUs)……………………………………………………………………….30
4. Discussion………………………………………………………………...……..32
5. Conclusion………………..……………………………………………….…….34

v

References……………………………………………………………………………36
CHAPTER 3: METAGENOMIC ANALYSIS OF AN UNCHARACTERIZED
RUMEN BACTERIAL SPECIES ASSOCIATED WITH FEEDING DIETS WITH
HIGHER LIPID CONTENT………………………………………………….…..….56
ABSTRACT………………………………………………………………………...56
1. Introduction……………………………………………………………………..57
2. Materials and Methods………………………………………………………….58
2.1 Microbial genomic DNA extraction and Next Generation Sequencing…….58
2.2 de novo contig Assembly……...……………………………………………59
2.3 Gene Annotation………………………………………………………….…59
2.4 Sorting of Contigs based on Taxonomy……………………………………..60
3. Results…………………………………………………………………………..60
3.1 Genomic Contig Assembly and General Analysis………………………….60
3.2 Taxonomy Based Selection of Candidate contigs…………………………..61
3.3 Lipid Metabolism………...…………………………………………………62
3.4 Protein Metabolism…………………………………………………………62
3.5 End product synthesis………………………………………………………62
3.6 Other metabolic activities of interest……………………………………….63
4. Discussion…………………………………………………………..…………63
4.1 Lipid Metabolism………………………………………………………..….63
4.2 Protein Metabolism…………………………………………………………66
4.3 End Products………………………………………………………………...67
4.4 Other Considerations………………………………………………….……..68
5. Conclusion…………………………………………………………………….69
References………………………………………………………………………..70
CHAPTER 4: FUTURE EXPERIMENTS AND IMPACT……………………………..78

vi

LIST OF FIGURES

Figure 2.1: Taxonomic composition at the phylum level for the treatment groups…..…40
Figure 2.2: Taxonomic composition at the family level for the treatment groups…........41
Figure 2.3: Principal Coordinate Analysis of the samples analyzed in this study……....42
Figure 2.4: Box plot representation of abundance for OTUs with highest levels in samples
from the CON group…………………….………………………………………...…….43
Figure 2.5: Box plot representation of abundance for OTUs with highest levels in samples
from the lipid-supplemented diets……………………………………….………..…44-46
Figure 2.6: Box plot representation of abundance for OTUs with highest levels in samples
from saturated lipid supplementation…………………………………………………..47
Figure 2.7: Box plot representation of abundance for OTUs that did not have a pattern of
abundance consistent with lipid supplementation………………………….……….48-49
Figure 3.1: Predicted butyrate production pathway enzymes encoded in the metagenome
of the sample of interest…………………………………………………………….….74

vii

LIST OF TABLES

Table 2.1: Alpha diversity indices of OTUs by treatment group………………….…..…50
Table 2:2: p values from the Kruskal-Wallis test on the 28 most prominent OTUs across
treatment groups…………………………………………………………………….…....51
Table 2.3: Taxonomic affiliation of prominent OTUs with highest abundance in CON
samples……………………………………………………………………………….......52
Table 2.4: Taxonomic affiliation of prominent OTUs with highest abundance in samples
from lipid-supplemented diets……………………………………………………….......53
Table 2.5: Taxonomic affiliation of prominent OTUs with highest abundance in samples
from saturated lipid-supplemented diets………………………..…………….….……....54
Table 2.6: Taxonomic affiliation of prominent OTUs that did not have a pattern of
abundance consistent with lipid supplementation……………………………..……..…..55
Table 3.1: Lengths of contigs assembled from sample of interest using ABySS………..75
Table 3.2: Predicted function using RAST of ORFs involved in lipid metabolism
identified………………………………………………………………………………....76
Table 3.3: Predicted function using RAST of ORFs involved in amino acid acquisition
and transport……………….…………………………………………………….………77

viii

ABSTRACT
IDENTIFICATION AND CHARACTERIZATION OF CANIDATE BACTERIAL
SPECIES CAPABLE OF METABOLZING LIPIDS IN THE RUMEN OF BEEF
CATTLE
CHEYENNE E. HRON
2022
Ruminants and the microorganisms within their rumen have an intricate symbiotic
relationship. Ruminants are able to convert plant materials that are indigestible to humans
into meat, milk, and fiber for human consumption and use. Supplementing lipids in diets
fed to beef cattle could be beneficial for the host animal as lipids are a higher density
energy source. However, they can be detrimental to rumen microorganisms. While much
research has been involved in elucidating the composition of the ruminal microbiome,
knowledge of the effects of lipids on the ruminal microbiome has been quite limited.
In this context, we took advantage of an animal study performed by a collaborator
to investigate the effects of lipids on the rumen microbiome. In the original study, a Latin
Square design was used to test five experimental diets with five steers. The five
experimental diets consisted of a control diet with no extra added lipids, and four diets
with either tallow or linseed oil added at either 4% inclusion or 8% inclusion.
Representative rumen samples were collected from each steer after each diet to perform
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bacterial composition analysis. A total of 28 predominant OTUs were identified. In an
effort to further investigate the effects of lipids on the rumen microbiome, a
metagenomics approach was used to create contigs corresponding to the bacterial
chromosome of OTU CH5-00046, which was one of the most abundant OTUs identified
in this study. Gene annotation revealed the presence of enzymes involved in lipid
metabolism as well as a pathway responsible for the production of butyrate.
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CHAPTER 1
LITERATURE REVIEW
1. Importance of Livestock Production in Meeting the Increasing Global Demand
for Food
As the global human population continues to grow, the demand for food has
consequently increased. One of the major challenges to meeting this demand has been the
inability to increase the development of additional arable land for crop production. As a
result of the limited availability of land and resources to generate higher agricultural
outputs, increases in livestock production will be necessary to meet the demand for food
from an ever growing human population [1]. In addition to population growth, increased
urbanization has resulted in greater demand for animal products, such as meat, milk, and
fiber products. Proteins that are available from beef, pork, and poultry are predicted to
grow by 5.9%, 13.1%, and 17.8%, respectively, by 2030 [2]. However, continued
increases in livestock production outputs will further exacerbate current challenges, such
as environmental and economic sustainability, as well as animal welfare and higher risks
of disease outbreaks. In this context, a critical need for continued improvements in all
aspects of livestock production exists. From studies on nutrition and host metabolic
processes to research on rumen microbiology, the knowledge garnered to date on the
ruminant animal has already greatly contributed to increased efficiencies. In this context,
the aim of this chapter is to provide an overview of ruminant microbial symbionts, their
ability to convert feed into animal products, and methodologies used to identify these
microbial symbionts.
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2. The Ruminant Animal
2.1 The Importance of Ruminant Production
Throughout human history, livestock have always been an integral part of society.
Livestock range from monogastric animals, such as chickens and pigs, to ruminant
animals, such as cattle and sheep. First and foremost, the contribution of ruminants to
livestock production is unique, because they are able to convert plant biomass, which is
indigestible to humans, into valuable products that can be consumed or used by humans.
These products include food items, such as meat and milk products, as well as fiber,
which can be used to manufacture clothing and other goods. Secondly, large ruminants
such as water buffalo can be used as a source of motive force, which can be applied for
agriculture work or transportation. In certain cultures, ruminant animals are a symbol of
wealth or are integrated as part of religious belief systems [3], and they can also be used
for entertainment, such as in bullfighting or in rodeos [4]. Regardless of whether
ruminant animals are used as a source of food, wealth, or to provide entertainment, they
continue to play a significant role within society today.

2.2 Classification of Ruminants
While ruminants share similar features, such as the unique anatomy of their
digestive system, various specializations can be distinguished amongst species of this
group. Indeed, ruminants can be divided into three main feeding types: concentrate
feeders, intermediate feeders, and grass/roughage feeders. Concentrate feeders, such as
deer and moose, are not as well adapted for efficient digestion of plant fibers as other
ruminants, so they rely on lower intake of easily digestible forage or of higher quality
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forage. In contrast, grass and roughage eaters, such as cattle and sheep, feed on plant
biomass with higher fiber content, which requires more extensive rumination and
fermentation time. As their name indicates, intermediate feeders, such as domestic goat
breeds and certain species of deer, are able to use mixed sources of feedstuffs, but their
intake of plant fiber is not at the same level as the grass and roughage eaters [5].

2.3 The Ruminant Digestive System
Rumination is a typical behavior of ruminants characterized by “cud chewing”, a
process that involves regurgitation of ingested feed, followed by mastication and
swallowing. Rumination helps with breaking down plant tissue, which makes up the
majority of a ruminant’s diet, as chewing generates smaller food particle size by grinding
and it increases exposure to saliva [6]. While rumination is a visible adaptation of
ruminants enabling them to feed on plant biomass, the ability of ruminant animals to
convert plant material into various products for human use and consumption is due to
their unique digestive system. Its main feature is a stomach with four distinct
compartments or chambers, an anatomical feature that contrasts with the singlechambered gastric stomach of most other animals. The first chamber is the reticulum,
which serves as an intermediate region between the oesophagus and the rumen; one of its
features is a honeycomb-like structure on its epithelial surface, which helps in preventing
foreign objects that may have been inadvertently swallowed from reaching downstream
compartments of the digestive tract. The second chamber, known as the rumen, is the
largest compartment of the ruminant stomach. The rumen is the site of feed digestion by
fermentation of feedstuffs, which is performed by complex communities of symbiotic
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microorganisms [7]. As early as the 1850s, the ruminant animal was being studied for
fiber utilization, with Haubner (1855) determining that cellulose could be metabolized in
the rumen [8]. The third chamber is the omasum, whose highly folded structure is
designed for absorption of excess water. The final chamber is the abomasum, also known
as the true stomach, where digestion of proteins and microbial symbionts takes place.
Proceeding further downstream through the small intestine and the large intestine, digesta
continues to be broken down by host enzymes and other gut microbial symbionts,
allowing for additional nutrients to be released and absorbed by the host. In contrast to
their multichambered stomach, the anatomy and physiology of the ruminant hindgut does
not dramatically differ from its counterpart in other animals.

2.4 Rumen Development
Ruminant animals are not born with a fully developed rumen, rather remaining
underdeveloped until ruminants are able to transition to solid feed. The rumen remains in
this phase while young animals are nursing thanks to an anatomical structure called the
esophageal groove. The esophageal groove forms as a result of a reflex triggered by
suckling, allowing milk to bypass the rumen and go directly into the abomasum, the true
gastric stomach, where the milk can be digested by host enzymes [9]. Otherwise, the
presence of milk in the rumen would result in the premature development of microbial
communities in this compartment at a time when their presence would not be needed for
digesting feed. The transition from this pre-ruminant form to a true ruminant is quite
important for young ruminants. Various diets have been found to directly affect this
transition. For example, the effects on the developing rumen of various concentrate diets
that differed in carbohydrate composition were investigated. Development of the rumen
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mucosa was found to differ based on the diet given, with starch diets resulting in a higher
incidence of poorly developed rumen mucosa. In addition, calves fed the concentratebased diets had a higher incidence of empty rumen weights, which is the weight of
reticulorumen without its contents after the calves were slaughtered [10]. Development of
the rumen epithelium has been found to be dependent on development of the
communities of symbiotic microbial communities [11]. These communities start
assembling after birth, likely a result of inoculation from the young animal’s immediate
environment, such as the dam’s udder, saliva, and manure [12]. From the initial
colonization stage, several cycles of microbial succession take place in response to
changes in the gut environment of the young ruminant [13]. Some bacterial species,
however, did not change with age. At least 36 genera, such as Bacillus, Alloprevotella,
Bacteroides, and Lactococcus were found to be common to all age periods [13], while
amylolytic, cellulolytic, and methanogenic bacteria were found to increase between the
early colonization stages until stable or mature communities are formed [14].

2.5 Microbial Ecology of the Rumen
The rumen is not only a complex anatomical structure, but also the place of
residence of the rumen microorganisms that are responsible for converting plant fibers
from feed into nutrients that the host animal can utilize. The father of rumen
microbiology, Robert Hungate, pioneered the way forward in starting the identification of
rumen microorganisms, an essential undertaking to gaining further insight into rumen
function and physiology [8]. Rumen microbial communities consist of four main types of
microorganisms. Bacteria are the most highly represented microorganisms and
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genetically diverse group, and as a result have the highest combined metabolic potential.
Archaea represent the second most abundant group, and they are responsible for
converting hydrogen gas into methane. While methane synthesis from ruminant animals
contributes to greenhouse gas emissions and climate change [15], this process is critical
for maintaining optimal rumen efficiency. Concerns over methane production from
ruminants have motivated research activities in this area. For instance, Wolin and Miller
(1988) have postulated on creation of additional hydrogen sinks through the addition of
HMG-CoA reductase inhibitors, which could ultimately reduce emissions from
ruminants. Supplementing this inhibitor inhibits the growth of several strains of methane
producing bacteria, thus allowing the other bacteria to utilize hydrogen [16]. Initial
studies were focused on the identification of rumen archaea because they can produce
methane. Greening et al (2019) have recently investigated archaeal genomes to find
possible solutions for mitigating methane emissions from ruminants [17]. For their part,
rumen fungi are critical for breaking down plant fibers, mainly because of their ability to
attach to plant cell wall components, and their high expression of hemicellulases and
cellulases [18]. Protozoa are large cells that can engulf and break down large undigested
particles, thereby increasing the digestive capability of the rumen [8]. Protozoa have a
longer residence time in the rumen and can resist passage to the omasum. However, these
benefits are offset by their ability to store polysaccharides and their propensity for
bacterial predation, as these capabilities result in the sequestering of nutrients that the
host is unable to access.
While several different types of rumen bacteria have been cultured so far, only
about 5-8% of the total number bacterial species in this environment have been identified.
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Most efforts have been directed at gaining a deeper understanding of cellulolytic bacteria,
since they are responsible for the digestion of cellulose, the most abundant component of
plant biomass [19,20]. Decades of research efforts have been dedicated to the quantitative
analysis of cellulose digestion in the rumen and to investigating the growth of rumen
cellulolytic bacteria [19]. Another important topic of interest has been subacute rumen
acidosis, a condition resulting from feeding high levels of easily fermentable feedstuffs
rich in starch to ruminants [21-24]. Starch can be digested by certain cellulolytic bacteria
in the rumen and some species specialized in metabolizing this substrate have been
identified. Streptococcus bovis has probably been the most studied amylolytic bacteria [8,
25, 26], but other starch utilizers such as Bacteroides amylophilus and Prevotella
ruminicola, both from the phylum Bacteroidetes, have also been known for some time
[8]. P. ruminicola has been reported to express key enzymes involved in the production
of propionate [27], a short chain fatty acid whose increased levels in the rumen are
favorably linked to animal performance.

3. Methodologies for Analyzing the Rumen Microbiome
Since they consist of anaerobic microorganisms with a high degree of metabolic
specialization, rumen microbial communities remain very challenging to investigate. This
section aims to provide an overview of classical methods that are still in use, as well as a
description of more recently developed technologies that have become the current
standard approaches used to investigate complex anaerobic microbial communities.

3.1 Culture Dependent Techniques vs Culture Independent Techniques
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Cultivation based approaches were the first methods developed to isolate,
identify, and investigate the physiology of microorganisms. While Louis Pasteur has been
well recognized for his contributions to understanding the growth of microorganisms in
the absence of oxygen, the ‘roll tube’ method developed by Robert Hungate
revolutionized the ability to culture anaerobic microorganisms from the rumen and other
environments. Using this method, he was able to cultivate Clostridium cellobioparus as
early as 1944 [28], before publishing his technique in 1950 [29]. The main focus at that
time was to identify bacterial species that could metabolize substrates from plant tissues
that could not be digested by the host [30]. As interests expanded to other substrates,
other residents of the rumen, such as lactate-utilizing bacteria, were identified [31-32].
Current collections of isolates include species from three of the most commonly found
phyla in gut environments, namely Firmicutes, Proteobacteria, and Actinobacteria. While
Bacteriodetes have been identified as dominant in the rumen based on cultureindependent studies, they are currently represented by only two genera, in contrast to
Firmicutes that have representative species from 45 genera that have been cultured so far
[33].
While culture dependent techniques are still considered the gold standard for
characterizing metabolic potential of bacterial species, they are unable to effectively
provide a community level assessment of microbial environments, such as species
diversity and composition. Of the more recent techniques that have been developed to
provide community level assessments, the most widely used methods are based on the
analysis of DNA sequence data [34].

3.2 16S rRNA Gene
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The 16S rRNA gene encodes a structural RNA component of the small ribosomal
subunit. It is the most commonly used phylogenetic marker for identification of
prokaryotic species, and it remains one of the “gold” standards in the field of microbiome
research. Its main characteristics are that it is found in all prokaryotic genomes, its
secondary structure is highly conserved, and it has a low rate of sequence change on an
evolutionary scale [35]. These features allow for not only the identification of
characterized species, but also the identification of currently unknown species. The 16S
rRNA gene is thus an optimal marker for the characterization of complex microbial
communities, such as those living symbiotically with a host, because of intricate
functional relationships amongst species, metabolic specialization, and unknown
conditions for optimal growth in vitro [36, 36, 37].
The 16S rRNA gene is approximately 1,550 bp in length, with a structure
consisting of alternating conserved and hypervariable regions. This structure is well
suited for use as a phylogenetic marker, as the conserved regions are used as primer
targeting sites for amplification by Polymerase Chain Reaction, while the variable
regions are used for identification and taxonomic classification of known and unknown
species [36, 38, 39, 40, 41]. The 16S rRNA gene has nine distinct hypervariable regions
(V1-V9), that each differ in nucleotide sequence, length, and phylogenetic resolution.
Until the development of Next Generation Sequencing platforms, use of the 16S rRNA
was limited in scope and scale, primarily due to sequencing cost and labor-intensive
clone library construction. Next Generation Sequencing has revolutionized microbiome
research with sequence yields that are orders of magnitude greater than Sangersequencing platforms, allowing for more comprehensive species coverage in a given
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environment [42]. The main disadvantage of using Next Generation Sequencing
platforms is the limited length of sequence reads, which is not sufficient to cover the
entire 16S rRNA gene. As a compromise to take advantage of greater sequence yields,
only a subregion of the 16S rRNA gene can be targeted for analysis. While the V4 or V4V5 regions are most commonly used, comparative analyses have shown that regions V1V3 provide the best phylogenetic resolution [43-44].

3.3 Taxonomy-Dependent and Taxonomy-Independent Methods
Taxonomy-dependent methods rely on sequences that have already been
annotated and are available from public databases [45]. This approach can assign
taxonomy to experimental sequences based on previously characterized microorganisms.
While this method can be effective, it can be limited by a lack of available wellcharacterized microorganisms to represent each taxonomic group. The reliability of
taxonomic assignment for novel microorganisms is therefore limited [46]. An example of
a commonly used tool for this approach is the k-neighbor based tool Ribosomal Database
Project (RDP) classifier, and its associated database which contains approximately 3
million reference 16S rRNA gene sequences. The RDP classifier uses its database of
reference sequences to assign the experimental sequence to a match within its database
using an algorithm [47].
On the other hand, taxonomy independent methods do not rely on sequences in a
database, as they use a clustering based approach. Sequences are compared to each other,
then divided into different groups or clusters according to a user-defined threshold based
on nucleotide sequence dissimilarity. This particular method is a more effective strategy
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for analyzing the composition of microbial communities that consist mostly of
uncharacterized microorganisms, such as the rumen microbiome [43].

3.4 Metagenomics
The development of high throughput shotgun sequencing technologies have
revolutionized our ability to understand not only community composition but also the
functional potential of these communities [48]. For microbial communities, shotgun
sequencing has allowed the development of metagenomics, a DNA-based approach to
study collected genomes in order to examine the taxonomic composition and the
metabolic capabilities of communities of microorganisms [49]. This particular method
has provided an alternative to culture dependent methods when trying to determine the
function of unknown microbial species. While both the 16S rRNA gene-based method
and metagenomics require extraction of microbial genomic DNA from an environment of
interest, metagenomics does not require PCR, because genomic DNA is sequenced
directly. However, analysis of metagenomics datasets can be more challenging and
computationally intensive because a high volume of sequence data is generated from
random locations on random chromosomes that are present in a sample. In the absence of
a complete set of reference genomes for an environment of interest, a common
metagenomics approach consists of assembling raw sequence reads into contigs, which
are composite sequences that each correspond to a portion of a microbial chromosome or
genomic DNA. Once contigs have been built, the metabolic potential of the
corresponding microbial species can be predicted by gene annotation, which consists of
matching potential coding sequences of the contigs to proteins of known function. Gene
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annotation tools, such as RAST [50], are very useful in that they can help in predicting
metabolic pathways from annotated contig datasets. For example, using the RAST server,
one study was able to identify more information on human oral microbiota [51].

4. Rumen Metabolism of Dietary Lipids
Because lipids are 2.25 times more energy dense than polysaccharides,
supplementing ruminant diets with lipids may increase performance [52]. However,
limits to the amount of lipids that can be included in a ruminant ration exist, as lipids
become detrimental to ruminal microorganisms when inclusion levels are too high [53].
Lipids that enter the rumen are typically utilized in two different ways. Unsaturated lipids
are converted into saturated lipids via biohydrogenation. Saturated lipids are usually
broken down into free fatty acids and can be utilized by the microorganisms within the
rumen. Research has uncovered two different types of conversions of lipids in the rumen:
lipolysis and biohydrogenation [53, 54, 55]. Biohydrogenation has been the focus of
investigating lipid supplementation due to the benefits of intermediates of this process,
namely Conjugated Linoleic Acids (CLAs). CLAs are beneficial to human health [56,57].
Lipolysis, on the other hand, has not been as studied in detail. Lipolysis is the breakdown
of lipids into fatty acids and glycerol, which are then utilized by bacteria. In this section,
an overview of both activities in the rumen will be presented.

4.1 Biohydrogenation of Lipids in the Rumen
Supplementation of ruminant diets with unsaturated lipids is detrimental to rumen
microorganisms. These microorganisms typically respond by converting unsaturated
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lipids into saturated lipids using biohydrogenation. This process has been extensively
studied in dairy cattle, with the aim of manipulating rumen microorganisms to increase
the production of conjugated linoleic acid (CLA) [58, 59, 60], as this compound has been
found to provide health benefits [61]. In an effort to optimize milk production and overall
efficiency, lipid supplementation has been investigated in an effort to increase dairy
performance [62], while others have investigated manipulating rumen bacteria to inhibit
rumen biohydrogenation in an effort to enrich for intermediates that are beneficial to
human health. Inhibiting rumen biohydrogenation allows certain intermediates to transfer
to the milk for human consumption which increases the benefits of milk [63,64].

4.2 Lipolysis in the Rumen
Lipolysis is the breakdown of lipids by hydrolysis to release fatty acids. To be
metabolized in the rumen, dietary lipids must then first be hydrolyzed by microbial
lipases [65]. Lipolytic enzymes have been identified in the rumen [66, 67, 68], indicating
that certain rumen microbial species can utilize lipids. Anaerovibrio lipolytica represents
one of the most studied rumen lipolytic bacteria, likely because it is one of the few that
has been isolated and can be studied in culture [69.70]. Since novel lipases have been
identified in this species [71], it is possible that rumen microorganisms have capabilities
for utilizing lipids that have yet to be discovered. However, besides this species and
certain members of the genus Butyrivibrio [72,73], our knowledge of bacterial species
that can express lipases and utilize lipids remains limited. More research is needed to
gain further knowledge of potential bacterial species that are involved in lipolysis.
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5. Conclusion
Ruminant animals are a key factor in animal agriculture. Ruminants have a
symbiotic relationship with the microorganisms within the rumen. Through this
symbiotic relationship, ruminants are able to convert unusable plant materials into useful
products for human society. The rumen is one of the main compartments of the ruminant
digestive system. The ruminal microorganisms transform the plant material into useful
products for the host. Due to the importance of the conversion of plant materials unto
useful products, methodologies for analyzing the rumen microbiome have become
important. From the Hungate tube to Next Generation Sequencing, the methodologies are
continually being developed. Metabolism in the rumen of several different substrates is
being studied, particularly lipids. While studies on biohydrogenation have been the main
focus, studies on lipolysis still remain limited.

6. Research Objectives
The ruminant animal has a complex symbiotic relationship with its rumen
microorganisms, as it is dependent on their metabolic activity to digest feed. Considering
the higher energy density of lipids compared to polysaccharides, a reasonable assumption
would be that increasing the inclusion levels of lipids in ruminant diets would be
beneficial for animal performance. However, increased levels of dietary lipids have
adverse effects on rumen microbial symbionts. Intriguingly, lipase activity can been
detected in rumen microorganisms, indicating that the potential for increased utilization
of lipids is present in this environment.
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So far, most research on bacterial metabolism of lipids has focused on
biohydrogenation, while the characterization of rumen bacteria capable of lipolysis
remains limited. In this context, we hypothesized that cattle fed a diet with higher
inclusion of lipids would show a higher abundance of rumen microbial species with
lipolytic activity. The objectives of the research described in this thesis were then to
determine the composition of microbial communities from rumen samples collected from
steers fed diets with higher inclusion of lipids, and to use a metagenomics approach to
determine if the genomes of the main bacterial species in these samples encoded for
enzymes such as lipases that would provide the metabolic capability of utilizing lipids.
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CHAPTER 2
INVESTIGATING THE COMPOSITION OF THE RUMINAL MICROBIOME IN
BEEF STEERS FED DIETS WITH HIGHER LIPID CONTENT
ABSTRACT
The rumen and its microorganisms have an intricate symbiotic relationship. While
the composition of the rumen microbiome in response to diet has been studied
extensively, our knowledge of the effect of lipids on rumen community composition
remains limited. To gain further insight, five ruminally fistulated steers were used to
investigate the effect of a diet with high lipid content, either Linseed Oil (unsaturated) or
Tallow (saturated), on the ruminal microbiome. Five experimental diets were tested: no
extra lipid supplementation (CON), 4% Linseed Oil (4U), 4% Tallow (4S), 8% Linseed
Oil (8U), and 8% Tallow (8S). Steers were fed in a 5 x 5 Latin Square, with
representative rumen samples collected for each period change. In this report, we present
bacteria composition analysis on these five animals, which was determined by next
generation sequencing of 16S rRNA amplicons targeting the V1-V3 region. A total of
189,249 high-quality sequence reads were used for the analysis. Species-level
Operational Taxonomic Unit (OTU) clustering revealed four predominant OTUs: OTUDB-1 (28.4-47.8% abundance), assigned to the genus Sharpea, OTU-DB-2 (40.7%
abundance), assigned to the genus Lactobacillus, OTU-DB-3 (20.4% abundance),
assigned to the family Planctomycetaceae, and OTU-DB-4 (4.6-53.6% abundance),
assigned to the family Ruminococcaceae. While analysis of additional samples will be
necessary to associate the presence of particular OTUs with a specific dietary group, our
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investigations have so far identified four predominant uncharacterized bacteria in beef
steers.

1. Introduction
Ruminant animals are a critical part of the agricultural sector, thanks to their
ability to transform inedible plant biomass into products that can be used or consumed by
humans [1]. Indeed, as obligate herbivores, ruminants utilize plant material for their
maintenance, growth, and development. Consequently, the diet of these animals typically
consists of forage, but supplementation with protein and starch (a polysaccharide that is
more easily fermentable than cellulose or hemicellulose) is typically used as a strategy to
increase productivity in intensive or conventional ruminant operations.
The ruminant digestive system is responsible for converting plant materials into
compounds such as short chain fatty acids and microbial proteins that can be utilized for
energy and growth by the host animal [2-3]. Of the four compartments which comprise
the ruminant stomach, i.e. the reticulum, rumen, omasum, and abomasum, the rumen is
the primary site of digestion of feed and its conversion into compounds that the host can
absorb. As the largest of the four stomach chambers, the rumen is the site of residence for
the communities of symbiotic microorganisms that are responsible for digesting feed.
Consequently, rumen microorganisms and the host animal are mutually dependent as a
result of intricate symbiotic relationships [4]. Four main types of microorganisms can be
found within the rumen: bacteria, archaea, protozoa, and fungi. Among these, bacteria
represent the most abundant and diverse group of ruminal microorganisms.
While structural polysaccharides represent the most natural type of substrate for
rumen microbial communities, they are more difficult to digest or are not as energy dense
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as other compounds, such as starch or lipids. Although high inclusion of starch in
ruminant diets is a widely used strategy in intensive production systems, supplementation
of ruminant diets with lipids is not common. Indeed, while lipid supplementation can be
beneficial for the host animal, it can be detrimental to ruminal microorganisms. Early
studies on lipid supplementation have focused on the general fate of fatty acids and how
microorganisms can interact with them [5, 6, 7], while more recent studies have focused
on how these bacteria can be manipulated to improve animal products, such as meat and
milk, for the benefit of consumers [8-9].
In terms of microbial lipid metabolism in the rumen, biohydrogenation, i.e.
modification of unsaturated fatty acids as a means of detoxifying them, remains the best
studied mechanism. In contrast, the breakdown of dietary lipids and their utilization as a
source of energy by ruminal microorganisms remains poorly understood. Indeed,
Anaerovibrio lipolytica, a bacterial species that can hydrolyze triglycerides, remains by
far the only well-characterized lipolytic bacteria in the rumen [10, 11, 12]. When
considering the vast diversity of microbial species in the rumen and the overall limited
extent of their characterization [13], we hypothesized that other bacterial species capable
of utilizing lipids were likely to exist in this environment. In this context, we took
advantage of samples collected during a previous study on the effects of higher inclusion
of saturated and unsaturated lipids in ruminant diets [14] to identify potential
uncharacterized lipolytic bacteria from the rumen of beef cattle. This particular study was
chosen due to its use of a higher lipid content that is typically considered detrimental to
rumen microorganisms.
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2. Materials and Methods

2.1 Animals, Diet, and Collection
The rumen samples analyzed in this chapter were originally collected as part of a
previous animal study on investigating the effects of higher inclusion of lipids in steer
diets [14]. Briefly, five ruminally fistulated Limousin x Jersey steers were placed in a 5x5
Latin square design, with a 12-day period allotted for each treatment. Treatment diets
consisted of no inclusion of additional lipids (CON), inclusion of 4% saturated lipids
(4S), inclusion of 8% saturated lipids (8S), inclusion of 4% unsaturated lipids (4U), or
inclusion of 8% unsaturated lipids (8U). Tallow was used as the source of saturated
lipids, while linseed oil was used to provide unsaturated lipids. Rumen samples were
collected within the last four days of each period and pooled.

2.2 Microbial DNA Purification and PCR Amplification
Genomic DNA was extracted from each sample using a bead beating plus column
method that was originally described by Yu and Morrison [15]. Briefly, 250 µL of rumen
fluid from each sample was lysed by bead beating in extraction buffer, which consisted of
0.5 M NaCl, 50 mM Tris.HCL, 50 Mm EDTA, and 4% SDS. Lysis was followed by
sequential extraction with 10M ammonium acetate to remove the SDS from the lysate,
then isopropanol precipitation of DNA. The recovered nucleic acids were purified using
the QIAmp DNA Stool Kit (QIAGEN, Hilden, Germany) following the recommended
protocol.
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Polymerase chain reaction (PCR) was performed with the Phusion Taq DNA
Polymerase (Thermo Scientific, Waltham, MA, USA) to amplify the V1-V3 region of
bacterial 16S rRNA gene sequences, using the 27F forward [16] and the 519R reverse
[17] primer pair. The PCR reactions were performed under the following conditions: hot
start (3 min, 98°C), followed by 35 cycles of denaturation (30 s, 98°), annealing (30 s,
50°C), and extension (30 s, 72°C), then ending with a final extension (10 min, 72°C). The
PCR products were then separated through agarose gel electrophoresis. Amplicons of the
expected length, approximately 500 bp, were extracted by gel purification using the
QiaexII Gel extraction kit (QIAGEN, Hilden, Germany). Each sample of V1-V3 16S
rRNA gene amplicons was sent to Molecular Research DNA (MRDNA, Shallowater, TX,
USA) for sequencing using the MiSeq 2x300 platform (Illumina, San Diego, USA) to
generate paired-end reads.

2.3 Bioinformatic Analysis for the 16S rRNA Composition Analysis
Unless specified, sequence reads were analyzed using custom written Perl scripts.
Raw bacterial 16S rRNA gene V1–V3 amplicon sequences were provided by Molecular
Research DNA as assembled contigs from overlapping MiSeq 2x300 paired-end reads
from the same flow cell clusters. Reads were selected to meet the following criteria:
presence of both intact 27F (forward) and 519R (reverse) primer nucleotide sequences,
length between 400 and 580 nt, and a minimal quality threshold of no more than 1% of
nucleotides with a Phred quality score lower than 15. Following quality screens, sequence
reads were aligned, then clustered into Operational Taxonomic Units (OTUs) at a genetic
distance cutoff of 5% sequence dissimilarity. A 5% dissimilarity cutoff was more
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representative of the genetic variation within the V1–V3 hypervariable regions, instead of
3%, which is the most common cutoff for this gene, due to higher variability of V1-V3
compared to other regions of the 16S rRNA gene [18].
The OTUs were screened for DNA sequence artifacts using the following
methods. Chimeric sequences were first identified with the chimera.uchime and
chimera.slayer commands from the MOTHUR software package [19]. Secondly, the
integrity of the 5′ and 3′ ends of OTUs was evaluated using a database alignment searchbased approach. When compared to their closest match of equal or longer sequence
length from the NCBI nt database, as determined by BLAST (Basic Local Alignment
Search Tool) [20], OTUs with more than five nucleotides missing from the 5′ or 3′ end of
their respective alignments were discarded as artifacts. Single read OTUs were subjected
to an additional screen, where only sequences that had a perfect, or near perfect, match to
a sequence in the NCBI ‘nt’ (National Center for Biotechnology Information) database
were kept for analysis. Thus, the alignment had to span the entire sequence of the OTU
and a maximum of 1% nucleotide dissimilarity was tolerated.
After removal of the sequence chimeras and artifacts, the bacterial composition of
each sample was determined by calculating the relative abundances of valid OTUs.
Taxonomic assignment of valid OTU was determined using a combination of RDP
Classifier, which identifies the phylogenetic lineage, [21] and BLAST, which identifies
the closest matching species in the Genbank database [12]. The List of Prokaryotic
Names with Standing in Nomenclature (LPSN), which provides characteristics and
publications on specific microbial species, was also consulted for information on valid
species belonging to taxa of interest [22]. Alpha (Shannon, ace, chao, and observed
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OTUs) and beta diversity (Principal Coordinate Analysis with Bray-Curtis distances)
were determined via the program Mothur.

2.4 Statistical Testing
R studio was used for statistical testing by Kruskal-Wallis of alpha diversity
indices as well as taxonomic groups and OTUs. Kruskal-Wallis is a rank based nonparametric test that can be used for data that do not follow a normal distribution, such as
microbial abundances.

3. Results

3.1 Bacterial Composition Analysis Based on Taxonomy
Taxonomy-based analysis by treatment groups revealed that Firmicutes was the
most abundant phylum (Figure 2.1). Treatment groups 8S and 8U had overall the highest
abundance of Firmicutes within the narrowest range (8S: 91.3%-99.8%; 8U: 90.0%98.1%). In contrast, Firmicutes representation in samples from CON (34.1%-96.7%), 4S
(4.0%-96.2%%), and 4U (23.0%-92.2%) showed more variability within treatment
groups.
Amongst Firmicutes, five well-represented families were identified amongst
treatment groups (Figure 2.2). Ruminococcaceae were the most abundant for four of the
treatment groups, particularly in treatments 8U (25.9% to 98.4 %) and 8S (5.1% to
54.7%), in contrast to the CON group which showed the lowest representation for this
family (1.1% to 18.8%). Within the CON group, Erysipelotrichaceae was overall the
most abundant family, with a range of 0.1% to 86.2%. On the other hand,
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Lactobacillaceae showed more variability amongst treatment groups, such as observed
between 8U (0.02 - 6.12%) and 8S (0.01 - 72.2%,), but these differences were not found
to be statistically significant. Lachnospiraceae also were found to be numerically
different among the treatment groups, with highest representation observed in groups 4S
(0.4%-27.3%), 4U (2.21%-34.2%) and 8S (1.7 - 25.2%) (Figure 2.2).
Bacteroidetes were overall the second most abundant phylum in the samples
analyzed. Treatment groups 4S and 4U had the highest representation of Bacteroidetes,
both showing a very broad range (4S: 0.51 - 96.0%; 4U: 0.32 -74.9%). In contrast, the
other groups showed much lower abundance for this taxon (CON: 0.49 - 7.7%; 8S: 0.04 3.5%; 8U: 0.06 - 1.1%). Prevotellaceae were the most abundant family amongst
Bacteroidetes, with highest and most variable representation in group 4S (0.06 - 49.2%),
while the CON group had the lowest range (0.4% to 1.3%).
Other bacterial phyla were also identified in the samples analyzed.
Planctomycetes and Actinobacteria were found in highest abundance only within the 4S
treatment group, with a range of abundance of 0.1 - 69.4% and 0.1 - 12.4%, respectively.
Proteobacteria showed their highest abundance in group 4U (0.02 - 11.4%), with much
lower representation in the other treatment groups (combined range of 0.01-0.3%).
Succinivibrionaceae were identified as the most abundant family of Proteobacteria;
notably, they represented all Proteobacteria in sample CH17 of treatment group 4S,
which had the highest abundance for this phylum in the current study (11.4%).

3.2 Bacterial Composition Analysis Based on Operational Taxonomic Units (OTUs)
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Further analyses revealed that a combined total of 626 OTUs were identified
among all steers. A comparison for observed OTUs, ace and chao indicated that the 8U
treatment group showed the lowest number of OTUs and the lowest Shannon index
compared to the other groups; however, these numerical differences were not supported
by statistical testing (Table 2.1). Analysis by PCoA did not show obvious clustering of
sample points based on treatment, indicating that there was no clear association of
treatment with particular bacterial OTU composition (Figure 2.3); clustering patterns
seemed to indicate that OTU composition of samples may have been more closely
associated with individual steers rather than with treatments.
Twenty-eight OTUs were identified as most abundant and were further analyzed
individually. While Kruskal-Wallis revealed no significant difference among treatments
for these OTUs (Table 2.2), a number of them showed numerical differences amongst
groups that could be associated with treatment. For instance, OTUs CH3-01111 and
CH11-0404 had higher representation in CON samples compared to the other groups
(Figure 2.4). Based on sequence identity, CH3-0111 was found to be a very close relative
of a known species, Aerococcus urinaeequi, a gram positive anaerobe of the phylum
Firmicutes [23]. In contrast, CH11-04704 showed only limited sequence identity to its
closest valid relative, and thus likely represented an uncharacterized species of
Planctomycetes (Table 2.3).
Ten OTUs (CH15-00300, CH15-07698, CH15-08980, CH8-08824, CH8-09987,
CH4-00078, CH18-06987, CH24-1188, CH8-09460, and CH8-00082) followed an
opposite pattern, as their respective levels were higher in the treatment groups compared
to the CON group (Figure 5). Two OTUs (CH8-00082 and CH18-06987) were affiliated
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to the phylum Actinobacteria but could not be identified as representatives of known
species because of low sequence identity to their respective closest relative (< 95%).
Similarly, the other eight OTUs in this category could not be assigned to known species
but were found to be affiliated to the phylum Firmicutes (Table 4).
Four OTUs (CH1-01661, CH4-03797, CH1-00251, and CH1-00012) had a more
specific pattern of abundance, as highest representation was observed in samples from
saturated lipid supplementation treatment groups (4S and 8S), while their abundance was
much lower in CON and treatment groups 4U and 8U (Figure 2.6). Within this group,
OTU CH1-00012 was found to be a close relative of Latilactobacillus curvatus, of the
phylum Firmicutes, while the other three OTUs represented uncharacterized species of
the phylum Firmicutes (Table 2.5).
Finally, the remaining abundant OTUs displayed no abundance pattern that could
be associated with either treatment or CON groups. OTUs CH5-11439 and CH5-00046
were both found to be a close relative of Sharpea azabuensis of the phylum Firmicutes,
while CH9-01194 was found to be a close relative of Parafannyhessea umbonata of the
phylum Actinobacteria. The remaining OTUs (Table 2.6) represented uncharacterized
species of the phyla Planctomycetes (CH8-00125) and Firmicutes.

4. Discussion
As the world’s population increases, it is quite important to be able to expand the
efficiency of animal agricultural systems to meet the demand for meat and milk needed to
feed the human population. Agricultural animal systems have greatly increased their
production over the years, notably through optimizing diets, which has included the use
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of high quality grains or supplementation of lipids. Since lipids contain 2.25 times the
energy of carbohydrates, their higher density has the potential for less pounds of feed per
pound of gain on the animal. Lipid supplementation has therefore become a research
topic of interest in livestock production. Several studies have looked into how lipids are
affecting the ruminant animal’s symbiotic microorganisms [24, 25, 26]. Research has
gained momentum in revealing that modifying symbiotic microorganisms can potentially
increase productivity of ruminant animals for the benefit of the human population.
Since the effectiveness of lipid supplementation is still limited in ruminants, the
research described in this chapter had a primary objective of identifying potential
uncharacterized bacteria that are able to metabolize lipids. Our research identified thirty
prominent OTUs, with six having a percent identity of 95% or higher with known
species. Four of these were affiliated with the phylum Firmicutes, including two OTUs
which were predicted to be strains of Sharpea azabuensis. Originally identified from the
feces of horses [27], S. azabuensis is a strict anaerobic gram positive bacterium that is
also found in the rumen. Since it has been reported to produce trans-11 intermediates, this
bacterium may be a possible candidate for biohydrogenation [28]. S. azabuensis has also
been linked to low methane emission yield in sheep [29-30]. Further analyses are needed
to determine its metabolic capabilities as a potential lipid utilizing microorganism in the
rumen.
A prominent OTU predicted to be a strain of Lactobacillus curvatus was also
identified in this study. L. curvatus is used as a probiotic that can promote body weight
loss in obese animals, and it is also used as a protective culture by keeping packaged
meat safe for a longer shelf life [31]. Another prominent OTU was predicted to be a
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strain of Succinivibrio dextrinosolvens, a species known for metabolizing glucose in the
rumen of cattle [32], and that is also capable of glutamine synthase activity [33].
Lipid supplementation has been the subject of studies to elucidate its impact on
digestibility in ruminant animals, the rumen microbiota, as well as methane emissions. A
study identified that supplementing canola oil led to increased volatile fatty acids (VFAs)
[34], while another reported that ruminants fed olive oil pomace had differences in their
ruminal bacterial taxa composition [35]. In particular, Firmicutes and Bacteroides were
identified within their different treatment groups along with the families
Ruminococcaceae, Lachnospiraceae, and Prevotellaceae, which is consistent with the
results presented in this chapter.
A number of different factors may have been responsible for our inability to
detect an effect of higher lipid inclusion on microbial composition, even though an effect
of dietary treatments on performance had been observed. For instance, the number of
rumen samples analyzed may have been too low to detect statistically significant
differences amongst treatments. Another explanation could be that the adaptation time
between diet transitions may not have been long enough to allow detectable changes in
microbial communities. Also, since there is considerable overlap in metabolic activities
amongst gut bacteria, it is possible that different bacterial species could have been
enriched in different animal hosts that were fed the same diet. Finally, since the different
dietary treatments shared most of the same basic ingredients, the different diets may have
been able to support similar bacterial communities, which would have confounded
detection of differences due to higher lipid inclusion.

5. Conclusion
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Ruminant animals are an integral aspect of animal agricultural systems.
Increasing demand for meat, milk, and fiber has been leading to more research on
increasing the efficiency of ruminant animals. Our study had a primary objective of
identifying potential uncharacterized bacteria that could be capable of metabolizing
lipids. The ruminal fluid that was analyzed had been collected during a previous study
conducted with fistulated steers that were fed different dietary regimens that had higher
inclusion of saturated (tallow) or unsaturated lipids (linseed oil). In this study, taxonomic
analysis identified Firmicutes, Bacteroides, and Proteobacteria as the most abundant
phyla, while OTU analysis identified six candidates predicted to be strains of known
species. While these characteristics help reveal prominent OTUs and their potential for
metabolizing lipids, further research is needed for characterizing their metabolic
capabilities.
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Figure 2.1: Taxonomic composition at the phylum level for the treatment groups. Values
are presented as means.
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Family-Level Taxonomic Composition by Treatment Group
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Figure 2.2: Taxonomic composition at the family level for the treatment groups. Values
are presented as means.
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A)

B)

Figure 2.3: Principal Coordinate Analysis of the samples analyzed in this study. The
same plot is labelled according to treatment group (A) and steer (B).
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Figure 2.4: Box plot representation of abundance for OTUs with highest levels in
samples from the CON group
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Figure 2.5: Box plot representation of abundance for OTUs with highest levels in
samples from the lipid-supplemented diets.
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Figure 2.5 (continued): Box plot representation of abundance for OTUs with highest
levels in samples from the lipid-supplemented diets.
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Figure 2.5 (continued): Box plot representation of abundance for OTUs with highest
levels in samples from the lipid-supplemented diets.
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Figure 2.6: Box plot representation of abundance for OTUs with highest levels in
samples from saturated lipid supplementation.
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Figure 2.7: Box plot representation of abundance for OTUs that did not have a pattern of
abundance consistent with lipid supplementation.
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Figure 2.7 (continued): Box plot representation of abundance for OTUs that did not
have a pattern of abundance consistent with lipid supplementation.
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Treatments
CON
4S
4U
8S
8U
SEM

Observed OTUs

Chao

Ace

192.6667
166.6
188.8
196.25
130.5
12.25748

277.3065
264.0582
303.0371
301.3196
206.4954
17.59674

311.4308
291.0403
362.4297
337.7171
264.9847
17.09245

Shannon
2.763945
2.821352
3.096815
2.87325
2.106754
0.166408

Table 2.1: Alpha diversity indices of OTUs by treatment group.
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OTU
CH24-1188
CH15-00300
CH5-00046
CH10-00095
CH1-00012
CH10-00535
CH11-04704
CH15-08980
CH8-08824
CH15-07698
CH2-00328
CH9-01194
CH8-00125
CH5-03227
CH4-03797
CH8-00082
CH17-00613
CH8-09987
CH18-06987
CH13-00013
CH4-00078
CH5-00495
CH8-01458
CH8-09460
CH1-00251
CH3-01111
CH1-01661
CH8-00915
CH2-14359
CH5-11439

p-value
0.0642
0.3363
0.5288
0.933
0.9906
0.411
0.208
0.2271
0.1076
0.2303
0.3615
0.7381
0.7138
0.1173
0.8589
0.5672
0.5793
0.2007
0.4444
0.1836
0.2852
0.9077
0.612
0.3963
0.5345
0.5741
0.7375
0.7801
0.1859
0.5808

Table 2.2: p values from the Kruskal-Wallis test on the 28 most prominent OTUs across
treatment groups.
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OTU
CH3-01111
CH11-04704

Closest relative
Aerococcus urinaeequi
Tuwongella immobilis

% id.

Phylum

99.39
87.96

Firmicutes
Planctomycetes

Table 2.3: Taxonomic affiliation of prominent OTUs with highest abundance in CON
samples
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OTU
CH24-1188
CH15-00300
CH15-08980
CH8-08824
CH15-07698
CH8-09987
CH4-00078
CH8-09460
CH18-06987
CH8-00082

Closest relative
Ethanoligenens harbinense
Ethanoligenens harbinense
Ethanoligenens harbinense
Ethanoligenens harbinense
Ethanoligenens harbinense
Murimonas intestini
Ruminococcus champanellensis
Flintibacter butyricus
Olsenella urininfantis
Parafannyhessea umbonate

% id.

Phylum

87.47
87.71
87.23
87.23
88.26
92.20
85.55
86.60
93.15
94.05

Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Actinobacteria
Actinobacteria

Table 2.4: Taxonomic affiliation of prominent OTUs with highest abundance in samples
from lipid-supplemented diets
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OTU
CH1-01661
CH4-03797
CH1-00251
CH1-00012

Closest relative
Christensenella hongkongensis
Harryflintia acetispora
Agathobacter ruminis
Latilactobacillus curvatus

% id.

Phylum

86.22
88.78
88.02
99.44

Firmicutes
Firmicutes
Firmicutes
Firmicutes

Table 2.5: Taxonomic affiliation of prominent OTUs with highest abundance in samples
from saturated lipid-supplemented diets
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OTU

Closest relative

% id.

Phylum

CH5-00046
CH10-00095
CH10-00535
CH2-00328
CH13-00013
CH5-00495
CH8-01458
CH8-00915
CH2-14359
CH5-11439
CH9-01194
CH8-00125

Sharpea azabuensis
Eubacterium pyruvativorans
Ercella succinigenes
Entercloster aldenensis
Anaerotruncus colihominis
Sharpea azabuensis
Mogibacterium neglectum
Butyrivibrio fibrisolvens
Entercloster aldenensis
Sharpea azabuensis
Parafannyhessea umbonate
Singulisphaera acidiphila

99.20
88.41
89.51
90.30
87.14
94.83
89.02
88.12
92.86
96.26
99.79
86.57

Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Firmicutes
Actinobacteria
Planctomycetes

Table 2.6: Taxonomic affiliation of prominent OTUs that did not have a pattern of
abundance consistent with lipid supplementation.
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CHAPTER 3
METAGENOMIC ANALYSIS OF AN UNCHARACTERIZED RUMEN BACTERIAL
SPECIES ASSOCIATED WITH FEEDING DIETS WITH HIGHER LIPID CONTENT

ABSTRACT
Supplementation of ruminant diets with excess lipids can have a detrimental
effect on fermentation of feed into short chain fatty acids (SCFAs), thus negatively
impacting production. Since fermentation is mainly accomplished through the activity of
symbiotic ruminal microbial communities, lipids are likely to impact the metabolic
activity or viability of rumen microorganisms. Following up on a previous animal study
that investigated the effects of high dietary lipid inclusion (up to 8%) on ruminal
fermentation, this study aimed to determine the impact of feeding such diets on the
ruminal microbiome. As part of this effort, this chapter presents the results of a
metagenomics analysis on a rumen sample enriched for a species-level Operational
Taxonomic Unit (OTU) associated with high lipid diets. This OTU has been found to
correspond to an uncharacterized species of the genus Sharpea (phylum Firmicutes).
From 12,277,104 sequence reads that were generated using an Illumina MiSeq2X300
platform, contigs were created using the de novo assembly program ABySS, with the
goal of reconstructing partial genome sequences from the enriched OTU. Gene
annotation with the online tool RAST was performed on the 1,342 contigs that had a
length of at least 5,000 nt, with the longest contig having 61,773 nt, as these were
expected to correspond to the most abundant microorganisms in the rumen sample. Genes
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involved in lipid metabolism, either encoding enzymes such as monoglyceride lipase or
involved in functions such as glycerol uptake and utilization or butyrate production from
acetyl-CoA, were identified. Additional analyses with BLASTp revealed 138 candidate
genes encoding for lipase related enzymes. Together, these results will contribute to a
better understanding of lipid utilizing bacteria in the rumen, which may benefit future
production efforts in ruminant livestock.

1. Introduction
Ruminant production is integral to the agricultural sector in the USA, providing
products such as meat, milk, and fiber for human use and consumption [1]. As an obligate
herbivore, the ruminant animal utilizes plant material for maintenance as well as growth
and development. In addition to forage, ruminant diets in production systems typically
also include protein and easily fermentable starch to increase growth rate, production
capacity, or both. While dietary lipids, primarily triglycerides, contain 2.25 times more
energy than carbohydrates, they are typically not extensively used in ruminant diets for
reasons explained below [2]. Interestingly, lipids can also provide other health benefits to
the animal; indeed, the addition of lipid dense ingredients has been reported to increase
the overall absorption of fat-soluble vitamins and improve reproductive performance in
dairy cattle [3].
A distinct feature of ruminant animals is their four-compartment stomach, which
includes the reticulum, rumen, omasum, and abomasum. The rumen is the largest section
of the foregut, where symbiotic microorganisms break down the components of feed to
convert them into nutrients that can be absorbed by the host [4]. While lipid
supplementation is beneficial for the host, their addition can be detrimental to rumen
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microorganisms. Indeed, since the microbial breakdown of feed precedes host digestion
in ruminants, dietary lipids first come into contact with rumen microorganisms, which
can metabolize or modify them before the host can digest and absorb them. Brooks et. al
(1954) have reported alterations in the ruminal microbial communities when ruminants
are fed diets supplemented with lipids [5]. Other studies have found inhibitory effects of
oils on rumen bacteria, more specifically bacteria that are known for fatty acid
metabolism, fibrolysis, and amylosis [6,7]. To counter the detrimental effects of
unsaturated fatty acids, certain bacterial species utilize biohydrogenation to convert
unsaturated fatty acids to saturated fatty acids so that they can be metabolized [8].
Biohydrogenation has been studied in more detail than lipolysis with rumen
microorganisms. Indeed, aside from Anaerovibrio lipolytica, one of the most studied
ruminal bacterial species known to hydrolyze triglycerides to date [9,10], identification of
other lipolytic bacteria has been limited. To gain further insight, we took advantage of a
series of samples collected from a previous study investigating the effects of high lipid
inclusion in the diets of steers [11]. Bacterial composition analysis revealed a higher
abundance of specific rumen bacteria in animals fed diets with high lipid content. We
hypothesized that they may represent currently unknown lipid-utilizing bacteria. Our
main objective was then to determine the metabolic potential of one uncharacterized
bacterial species identified in the rumen of steers fed a high lipid diet. Metabolic potential
of the uncharacterized bacterial species was predicted via bioinformatics.

2. Materials and Methods
2.1 Microbial Genomic DNA Extraction and Next Generation Sequencing
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Sample S7 (CON treatment group) (see Chapter 2) was selected because of the
high abundance of OTU-CH5-00046, which corresponded to a currently unknown
bacterial species. Microbial genomic DNA from sample S7 was purified using a bead
beating + column method (QIAMP Stool Kit, QIAGEN) as previously described [12].
Shotgun sequencing of genomic DNA from sample S7 was performed by MRDNA
(Shallowater, TX) using an Illumina Miseq (2x250) platform.

2.2 de novo Contig Assembly
From the raw sequence data obtained from MRDNA, sequences of 200
nucleotides or greater were selected using a custom Perl script. These sequences were
assembled into contigs via ABySS [13], a publicly available software program that was
run on the South Dakota State University High Performance Computing cluster. The
parameter ‘kmer’ was set to 64, a value that was found to be optimal by our research
group for contig coverage and length. Contiguous sequences (contigs) with a length of at
least 5,000 nt were selected for gene annotation and further analysis.

2.3 Gene Annotation
Two main methods were used for gene annotation of contigs. The publicly
available tool ‘Rapid Annotation using Subsystems Technology’ (RAST) predicted Open
Reading Frames (ORFs) of individual contigs, then assigned individual candidate ORFs
to their respective closest enzyme or protein family of known function based on their
amino acid sequence [14]. For gene annotation using the Basic Local Alignment Search
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Tool for proteins (BLASTp) [15], ORFs were predicted from contigs using a custom Perl
script, then the ORFs were screened with BLASTp against the NCBI ‘nr’ database
(program was run on the South Dakota State University High Performance Computing
cluster). Keyword searches were performed on the Blastp outputs using a custom Perl
script to identify ORFs that matched specific metabolic functions of interest such as
lipase, cellulase, biohydrogenation, amylase, monoglycerol lipase, butyryl-CoA
dehydrogenase, or butyryl dehydrogenase.

2.4 Sorting of Contigs based on Taxonomy
Since sample S7 contained a combination of the OTU of interest (CH5-00046)
with other bacterial species, differentiating between contigs associated with different
OTUs was necessary. Since CH5-00046 was predicted to be a member of the genus
Sharpea (phylum Firmicutes) based on 16S rRNA gene analysis, a taxonomy-based
approach was used to sort contigs generated from sample S7. The output generated by the
BLASTp search (section 2.3) was screened using a set of custom Perl scripts to identify
contigs with a high representation of ORFs affiliated to Firmicutes.

3. Results

3.1 Genomic Contig Assembly and General Analysis
A total of 12,277,104 sequences were obtained from shotgun sequencing
for sample S7. In order to determine the metabolic potential of OTU CH5-00046, these
short sequence reads were assembled into 602,466 contigs by ABySS (Table 3.1), with
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each contig corresponding to a partial bacterial genome segment present in sample S7. To
focus our analysis on the most abundant bacterial species present in this sample, only
contigs with a length of 5,000 nt or greater were further analyzed. Our rationale was that
longer contigs were more likely to correspond to a highly represented bacterial group as
more sequence reads would be expected to be generated from the most abundant species.
The RAST annotation of the 1,193 selected contigs revealed 10,766 ORFs, which
included predicted metabolic and cellular activities such as lipid metabolism, protein
metabolism, and end product synthesis.

3.2 Taxonomy Based Selection of Candidate contigs
Since sample S7 was a complex combination of at least nine different main
bacterial species, as estimated by OTU analysis (Chapter 2), the taxonomic affiliation of
each contig was determined from the taxonomic affiliation of its ORFs as determined by
BLASTp. Since CH5-00046 was found to be a member of the genus Sharpea, which
belongs to the phylum Firmicutes, contigs affiliated to Firmicutes, which ranged from
5000 nt to 67,000 nt, were further analyzed. Of the subsystems to which the ORFs from
these contigs were assigned, three subsystems were chosen for further investigation,
namely ‘lipid metabolism’, ‘protein metabolism’, and ‘end product synthesis’. The
rationale for choosing these subsystems was, respectively, based on the primary interest
of the current study on metabolism of lipids, the importance of protein metabolism in the
acquisition of amino acids for cellular function and division, and that the purpose of
microbial metabolism is to generate end products that can be used by the host animal as a
source of energy.
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3.3 Lipid Metabolism
In contrast to cellulose and carbohydrate metabolism, studies on the
ruminal microbial utilization of lipids have been much more limited, and the primary
focus has typically been on biohydrogenation, which is one of the main methods used to
modify long chain fatty acids in the rumen. Gene annotation by RAST revealed 138
ORFs pertaining to lipid metabolism (Table 3.2), including seven unique groups of
predicted lipases: Monoglycerol lipase (1 ORF), triglycerol lipase (4 ORFs),
lysophospholipase (27 ORFs), phospholipase (29 ORFs), zinc-dependent phospholipase
(2 ORFs), GDSL family lipases (14 ORFs), and esterase/lipases (19 ORFs).

3.4 Protein Metabolism
From the subsystem protein metabolism, specific functions involved in
amino acid acquisition and transport were further analyzed (Table 3.1). Overall, ORFs
were identified from RAST that pertained to enzymes (14 ORFs) or amino acid
transporters (23 ORFs). Six ORFs were identified as proteases, while five ORFs were
annotated as glutamate dehydrogenase and three ORFs were assigned to glutamine
synthetases. Six different types of transporters were identified through RAST, with each
type predicted to be involved in the transport of a specific type of amino acid. For
example, branched chain amino acids (e.g. leucine, isoleucine, and valine) require a
branched chain amino acid transporter.

3.5 End Product Synthesis
The RAST annotation revealed that contigs assigned to CH5-00046 coded
for enzymes likely involved in the production of butyrate from acetyl-CoA, one of the
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main volatile fatty acids found within the rumen that is absorbed by the rumen epithelium
of the host animal. Indeed, seven of the eight enzymes necessary for butyrate production
were identified (Figure 3.1). Since fatty acid chains are broken down into acetyl-CoA, i.e.
the building block used for butyrate production, the identification of this pathway is
consistent with expected metabolic outputs from lipid metabolism. Through KEGG, other
lipid metabolism enzymes were identified, such as glycerate kinase and glycerol
dehydrogenase, which further gives insight that this particular OTU of interest is a good
candidate for use of lipids as a primary substrate.

3.6 Other Metabolic Activities of Interest
In order to assess whether CH5-00046 would also be capable of utilizing other
types of substrates, ORFs were screened for their potential involvement in other
metabolic pathways. As a result of this search, enzymes encoding for biohydrogenases,
amylases, or cellulases were not identified by BLASTp nor by RAST.

4. Discussion

4.1 Lipid Metabolism
Lipid utilization requires enzymes such as lipases to catalyze the hydrolysis of
triglycerides into fatty acids and glycerol. Lipases express esterase activity, but they are
more specific in their substrate range compared to general esterases. Reports on lipases
and their activities in pre-ruminant calves and other young ruminants [16,17] have been
available for some time. Bacterial groups residing in the rumen that can express lipase
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activity were later identified [18], including two that belong to Firmicutes, the same
phylum to which CH5-00046 has been assigned. Privé et. al (2015) identified fourteen
different lipases and esterases using a metagenomic approach [19], which were
referenced as lip1 to lip14. Though investigating phylogenetic affiliations, these lipases
were assigned to their respective main families, and biochemical analyses further
confirmed lipase or esterase activity [19]. Similarly, Rodriguez et. al (2015) identified a
novel esterase using a metagenomic library generated from a bovine rumen sample, and it
was proposed to belong to a new family of lipolytic enzymes [20]. Indeed, from the other
families of lipases that were originally proposed [21], additional families continue to be
identified as new discoveries are made, thus increasing the accuracy in identification of
lipid utilization potential by gene annotation.
The OTU CH5-00046 was identified based on its high abundance in the rumen of
steers fed a diet with high lipid inclusion. To gain more insight, a metagenomics
approach was used to characterize its metabolic potential by shotgun sequencing of
microbial genomic DNA extracted from a rumen sample showing high representation for
this OTU. This analysis revealed genes from assembled contigs that encoded lipases from
seven distinct families (Table 3.2) These families included triglycerol lipases and
monoglycerol lipases which release fatty acids from monoglycerides and triglycerides,
respectively, as well as phospholipases which catalyze the hydrolysis of phosphate esters
and acyl esters. Other types included lysophospholipases, which catalyze the hydrolysis
of carboxylic esters such as 2-lysophosphatidylcholine into glycerophosphocholine, as
well as carboxylate, zinc-dependent phospholipases, which is a type of phosphodiesterase
that catalyzes the hydrolysis of choline phospholipids. The GDSL (amino acid signature
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motif sequence: Glycine, Aspartate, Serine, and Leucine) lipases have more recently been
identified. These lipases are unique in that they do not possess the main motif shared by
most of the other lipases; instead, GDSL lipases have their own motif which has an active
site that is flexible, as it is able to change its conformation based on the particular
substrate binding to its active site [22]. Together, these results support that CH5-00046 is
a candidate lipid utilizer in the rumen of beef steers. Since biohydrogenases were not
identified, CH5-00046 is likely involved in lipid breakdown via lipases rather than
modification through biohydrogenation. Furthermore, the results from the metagenomics
analysis also indicated that CH5-00046 utilizes lipids as its primary type of substrate,
since no cellulases or amylases were identified.
Since the analysis described in this chapter was based on predictions from de novo
metagenomic assemblies, further research will be required to confirm the lipid utilizing
capabilities of CH5-00046. One challenge facing such work is that the isolation and
characterization of pure cultures of ruminal bacterial species has had limited success so
far [23]. However, considering our limited knowledge on lipid utilization by ruminal
bacteria, such studies would likely yield great insights. Indeed, while at least six ruminal
bacterial species or isolates have been shown to metabolize lipids, including species of
Butyrivibrio, Clostridium, and Propionibacterium [24], most reported studies on
identification and characterization of lipase activity from ruminal bacteria have been
from A. lipolytica [25-29]. Since its characterization by Hobson and Mann [30], a number
of investigations into the lipase activity of this bacterium have been conducted. Notably,
Privé et. al [26] identified and characterized three novel lipases from A. lipolytica. Two
genes, alipA and alipB, were annotated to the GDSL family of lipases, while the other
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gene (alipC) was classified as a member of the carboxylesterase family. The AlipA and
AlipB enzymes showed a narrow specificity with regards to chain length, while AlipC
showed a specificity for short to medium chain lengths [29].

4.2 Protein Metabolism
Since amino acids are essential for the growth and proliferation of
microorganisms, metabolic pathways involved in their acquisition, synthesis, or both are
important functions to characterize when investigating candidate bacterial species such as
CH5-00046. We found several distinct types of candidate enzymes and transporters that
could be involved in the acquisition or utilization of amino acids. The RAST analysis
predicted six candidate proteases, which would be expected to release amino acids
through hydrolysis. Furthermore, six ORFs were identified as branched chain amino acid
transporters, which would be used for the acquisition of isoleucine, leucine, and valine,
while six other ORFs were identified as methionine transporters. The identification of
candidate proteases and transporters suggests that the extracellular environment is an
important source of amino acids for CH5-00046. These observations are consistent with
previous reported studies on amino acid transport and utilization by ruminal bacteria,
such as the capacity of Streptococcus bovis to transport neutral amino acids using a
sodium dependent mechanism [31], or to utilize glutamate and glutamine as a source of
energy [32]. Further research will be required to determine if the amino acids acquired
from the extracellular environment by CH5-00046 are used for protein synthesis or if
they are broken down for the production of ATP or metabolic intermediates.
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Consistent with other studies on amino acid synthesis by ruminal bacterial species
[33], ORFs encoding proteins and enzymes involved in this function were identified in
the contigs assembled from sample S7. These proteins and enzymes included glutamate
dehydrogenases (five ORFs), an enzyme that can produce glutamate from alphaketoglutarate and ammonia; glutamate can then be used for the synthesis of other amino
acids through transamination of alpha-keto acids. Glutamine synthetases (three ORFs),
which would produce glutamine from glutamate and ammonia, were also identified,
suggesting that the OTU of interest would be able to store nitrogen in this form.
Consistent with these functions was also the identification of a candidate ammonium
transporter, which would provide the nitrogen substrate required by these enzymes.

4.3 End Products
Enzymes predicted to be involved in butyrate synthesis were identified as part of
the metagenomics analysis for CH5-00046. Butyrate is one of the three most abundant
ruminal volatile fatty acids. Butyrate is used as a source of energy by the host animal and
is essential for the development of the rumen epithelium in young ruminants [34].
Considering that lipid utilizing enzymes, but not cellulases or amylases, were identified
in contigs from CH5-00046, this OTU may be a candidate lipid utilizer that can produce
butyrate as an end product. Of the six pure cultures that were identified as lipid utilizers
by Jarvis and Moore [18], Butyrivibrio is one of the most common ruminal bacterial
genera that can produce butyrate. In addition, Butyrivibrio strains have been found to
hydrolyze different types of lipids compared to A. lipolytica [15]. In this context, CH5-
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00046 can then be considered beneficial for the host animal because of its potential to
produce butyrate.

4.4 Other Considerations
Since inclusion of lipids in ruminant diets can be detrimental to ruminal function
if they are provided at levels that are too high, it is generally assumed that ruminal
microbial species are more likely to modify dietary lipids rather than metabolize them.
Biohydrogenation is the most commonly studied mechanism by which to convert fatty
acids that may by toxic to the microorganisms found within the rumen. Certain bacteria
can convert unsaturated fatty acids to saturated fatty acids, which can then be utilized and
assimilated by the host. Multiple studies have identified bacteria that are capable of
biohydrogenation [35-38], and intermediates of biohydrogenation have been studied for
their physiological properties in the animal host and benefits for humans [39-41]. With
this metabolic activity, dietary lipids can be used to provide energy directly to the host, as
they seem to ‘bypass’ ruminal metabolism. However, biohydrogenases were not
identified during this study, indicating that CH5-00046 is either not capable of
performing biohydrogenation of fatty acids or that it may use a different metabolic
pathway to do so.
Typically, bacteria are specialists that can only utilize a limited number of
substrates to fulfill their energy needs. For certain species, primary substrates are not
provided by the feed ingested by the host but are instead end-products generated by other
members of their community, such as succinate or lactate. This process, known as cross
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feeding, can then increase the output of volatile fatty acids to the host, as well as allow
for increased microbial diversity within communities. Increased microbial diversity is
beneficial by maintaining the composition of the community and its ability to resist
changes that could take place when perturbations occur. Based on the results from this
study, OTU CH5-00046 does not appear to be involved in cross feeding, as enzymes that
are involved in the synthesis of end products that are metabolized by other microbial
species were not found to be encoded in contigs that were assigned to this candidate
species.

5. Conclusion
The metabolic potential of an uncharacterized ruminal bacterial species was
predicted to include the ability to metabolize lipids, to produce butyrate and to acquire
amino acids from the hydrolysis of proteins present in the ruminal environment.
Determining the metabolic capabilities of rumen microorganisms that utilize dietary
lipids can thus provide further insight in how they can specifically benefit their host.
Further investigating the effects of lipid supplementation on the rumen microbiota will in
turn allow the development of improved feeding strategies that can provide future
benefits to ruminant animal production.
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Figure 3.1: Predicted butyrate production pathway enzymes encoded in the metagenome
of the sample of interest

75

Contig Length
Ranges (nt)
Under 5,000
5,000 – 15,000
15,001 – 25,000
25,001 – 35,000
35,001 – 45,000
> 45,000
Contigs assigned to Firmicutes

Frequency

601,124
1,216
94
24
5
3
1,193

Table 3.1: Lengths of contigs assembled from sample of interest using ABySS.
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Predicted encoded
protein
Lysophospholipase
Phospholipase
Zinc-dependent phospholipase
Monoglycerol lipase
Triglycerol lipase
GDSL family lipases
Esterase/lipase
Other lipases

# ORF

27
29
2
1
4
14
19
42

Table 3.2: Predicted function identified using RAST of ORFs involved in lipid
metabolism.
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Predicted encoded protein

Protease
ABC transporter oligopeptide
ABC transporter dipeptide
ABC transporter branched chain amino acid
Methionine ABC transporter
Ammonium transporter
L-proline glycine betaine binding ABC transporter
Glutamate dehydrogenase
Glutamine synthetase

# ORF

6
5
4
6
6
1
1
5
3

Table 3.3: Predicted function using RAST of ORFs involved in amino acid acquisition
and transport.
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CHAPTER 4
FUTURE EXPERIMENTS AND IMPACT
Ruminant animals still remain an integral part of the agricultural sector. Ruminant
animals provide meat, milk, and fiber to the human consumer. The diets of ruminant
animals typically contain carbohydrates, but also proteins and lipids as well. Lipids can
be a beneficial source of energy as they are about 2.25 times more energy dense than
carbohydrates. However, lipids can have a detrimental effect on rumen microorganisms.
Rumen microorganisms have a symbiotic relationship with the ruminant animal. Due to
the detrimental nature of lipids on rumen microorganisms, effort has been put into
identifying rumen microorganisms and their metabolic potential.
Culture–dependent approaches were the main ways to be able to study
microorganisms that are involved in lipid metabolism. These methods are pretty effective
in the determining the metabolic capabilities of isolated microorganisms. However, one
of the main problems with culture–dependent approaches is their inability to provide
assessments at the community level. At the same time, to this day, there is still a
numerous amount of rumen microorganisms that have yet to be isolated and cultured.
Sequence based DNA analysis has been developed and is currently an effective means of
investigating community level assessments, which includes taxonomic richness,
diversity, evenness, and composition overall. Newer approaches, such as the omics based
approaches are used in conjunction to give a more in depth knowledgebase of metabolic
capabilities during activities such as lipid metabolism. Even with this newer
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knowledgebase of approaches to determining metabolic capability and function of
potential rumen microorganisms, there are still many microbial mechanisms involved in
lipid metabolism that still remain unknown.
We hypothesized that cattle fed a higher inclusion of lipids would show a higher
abundance of rumen microorganisms with lipolytic activity. Our research objectives
included determining the composition of microbial communities from rumen samples that
were collected from steers fed diets with higher lipid inclusion and to determine the
metabolic potential of the main bacterial species within the rumen samples.
Our research revealed community level assessments that Firmicutes was the most
abundant phylum among all the samples. Other bacterial phyla were also identified.
Twenty eight OTUs were identified to be the most abundant among the samples. Four
groups were determined by pattern among the 28 OTUs. One OTU was further analyzed
using metagenomics. Genes involved in lipid metabolism were identified. Additional
analyses using BLASTp did reveal candidate genes for lipid metabolism.
While the original research was not specifically set up for microbial analysis, it
was interesting what was identified within our research. Even though this experimental
design is good for determining performance levels on animals, it was not considered the
best methods for determining potential bacteria and their metabolic capabilities. This
particular design allows for a lack of treatment effect due to the diets containing
ingredients that are similar. This leads to the potential for that lack of treatment effect as
several different bacteria are capable of metabolizing lipids. Due to this, if I had to
expand our study, I would use a different approach, the in-vitro batch culture
experimental design. This experimental design allows for expansion of the experimental
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project. I would supplement rumen fluid cultures with different types of lipids, such as
saturated and unsaturated, as continuous cultures. I would anticipate higher abundances
of lipid utilizers, whether saturated or unsaturated, and use 16S rRNA analysis. Either
saturated or unsaturated substrates would be added at intervals during the entire time of
the study. Once samples were collected, I can use the 16S rRNA approach as mentioned
within the previous chapters of my thesis. This would allow me to determine any
candidate lipid metabolizing utilizers were identified within the cultures. If any were
identified, the selected candidates would go through a metagenomics approach to
determine their metabolic capabilities.
Since lipids are more energy dense than carbohydrates, the potential of addition of
lipids can be beneficial to the ruminant animal, and in the long term, can be beneficial as
there will be a lower ratio of pound of feed to pound of gain. While this is beneficial,
there is still a possible detriment to the rumen microorganisms. The research presented in
this study has allowed for more knowledgebase of the ruminal microbial world. While
there is still much research to be done, the potential for increased daily gain remains a
potential and a benefit to the ruminant animal.

